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Review

Introduction

In 1971, Förster and Hoffmann proposed a theory based on 
the Debye–Stokes–Einstein (DSE) microfriction concept 
that quantitatively explained the relationship between sol-
vent microviscosity and the emission quantum yield of dyes 
with the ability to perform intramolecular rotation.1 At the 
same time, Rotkiewicz and Grabowsky proposed the hypoth-
esis that 1,4-dimethylamino benzonitrile (DMABN) fluores-
cence is due to the existence of twisted intramolecular charge 
transfer (TICT) states,2 which provides a general model for 
a family of fluorescent molecules referred to as molecular 
rotors. Recently, these molecules have gained enormous 
popularity because of their ability to monitor polymerization 
processes,3 image flow patterns in microfluidic systems,4 
and study cell physiology parameters.5,6 Implementation of 
molecular rotors into the plasma membrane of endothelial 
cells made it possible to demonstrate that increased fluid 
shear stress (FSS) increases membrane fluidity in the endo-
thelial cell membrane.7 Based on these observations, it was 
hypothesized that changes in membrane fluidity are the pri-
mary mechanism of mechanotransduction that converts the 
mechanical stimulus of FSS into the biochemical signals 
that have been associated with maintaining a specific level 
of flow or associated shear stress in blood vessels.7

Recently, three-dimensional (3D) cell cultures have 
gained significant attention, and it is now widely accepted 
that 3D in vitro platforms support more physiologically rel-
evant cell cultures when compared with cells grown as a 
monolayer (two-dimensional [2D]) on a more traditional 
substrate. One relevant example involves SH-SY5Y neuro-
blastoma cells grown on a 3D platform, where voltage-gated 
calcium channel (VGCC) activation via high potassium 
depolarization yields a smaller intracellular calcium tran-
sient signal in comparison with 2D cultures of the same 
line.8,9 Kisaalita and colleagues hypothesized that the cell 
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membrane plays a role in those observations as the mem-
brane is thought to be stretched more tautly in a monolayer 
grown over a rigid 2D platform, opening invaginations in 
the membrane termed caveolae and exposing more VGCCs 
to the extracellular environment. At the time, the tools to 
corroborate this hypothesis were not being explored for this 
application. Many methods exist that directly or indirectly 
report membrane physical properties, but these methods are 
time-consuming and of limited spatial resolution. Molecular 
rotors lend themselves to the notion of viscosity imaging 
because they require relatively simple steady-state fluores-
cence instrumentation, they report changes in real time, and 
their spatial resolution is only limited by the optical system.

We set the stage by first presenting molecular rotors and 
their potential for viscosity sensing at the single cell level. 
This is important given the current understanding of cell–
cell physical microenvironment interaction. We review the 
state-of-the-art physical property measurement techniques 
and how these methods fall short in 3D culture settings—a 
gap molecular rotors are hypothesized to close. Finally, we 
suggest other potential practical applications of molecular 
rotors beyond viscosity imaging.

The Physical Principle of Molecular 
Rotors

Single-Emission Molecular Rotors

A typical molecular rotor consists of three subunits: an 
electron donor unit, an electron-rich spacer unit that is 

composed of a network of alternating single and double 
bonds, and an electron acceptor unit (Fig. 1A). The spacer 
unit brings the donor and acceptor units in conjugation, 
thus facilitating the movement of an electron between the 
pair upon photoexcitation. Additionally, the spacer unit 
ensures minimum overlap of the donor and acceptor orbit-
als. The Jablonski diagram (Fig. 1B,C) illustrates the dif-
ferent electronic states of a molecular rotor and the 
transitions between them. At the ground state (S0), the 
molecule adopts a planar (or near-planar) conformation, 
which is the lowest energetic conformation (Fig. 1B,C). 
Upon photoexcitation at wavelength λex, the dye under-
goes intramolecular charge transfer from the electron 
donor to the acceptor unit, where the molecule reaches a 
planar locally excited state S1

LE. Due to an excited state 
charge separation, the molecule rapidly twists around a 
single σ-bond that connects the donor unit to the acceptor 
unit and assumes the lowest energy conformation of the 
excited state S1

TICT.
For some fluorescent molecular rotors, including the 

most popular and well-explored molecular rotor, 
DMABN, relaxation from the twisted conformation to the 
planar ground state can occur through two channels, 
resulting in dual emission (Fig. 1B).10 Molecular rotors 
that exhibit a single-emission band λem

LE, such as farne-
syl-(2-carboxy-2-cyanovinyl)-julolidine (FCVJ), have a 
very small S1

TICT – S0
TICT energy gap and relaxation from 

the TICT conformation occurs without photon loss (from 
the S1

TICT state to the S0
TICT state) (Fig. 1C). This category 

of molecular rotors attracts special interest because 

Figure 1.  Structure and TICT states and kinetics for molecular rotors. (A) Generic motif of a molecular rotor. Jablonski diagram of a 
dual-emission (e.g., DMABN) (B) and a single-emission (e.g., FCVJ) (C) molecular rotor. The electronic states are organized vertically 
by energy and horizontally by spin multiplicity. Radiative transitions involve the absorption, if the transition is to a higher energy level, 
or in the reverse case, emission of a photon, and are represented by colored arrows. Nonradiative transitions are indicated by black 
arrows. Adapted from Haidekker and Theodorakis21 with permission from the Royal Society of Chemistry.
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locally-excited (LE) emission is relatively insensitive 
against solvent polarity.11,12

While the reorientation relaxation of molecules in low-
viscosity solution follows the DSE hydrodynamic model 
with a stick boundary condition, Loutfy and Arnold 
observed deviations from the model in medium- and high-
viscosity solvents.13 They accurately described the nonra-
diative decay rate (i.e., intramolecular rotation) kR of 
molecular rotors and its relation to the molecular free vol-
ume of these solvents through a free-volume concept:
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where k0 is the free-rotor reorientation rate, v0 is the limiting 
specific volume of the solvent, vf is the free volume, and x 
is a constant for the particular probe. In aggregates of mac-
romolecules, which include the phospholipid bilayer, 
molecular free volume and viscosity are directly related. 
This relationship was experimentally provided by Doolittle14 
and given as
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where A and B are solvent-dependent constants (and B ≈ 1).
In solutions with low viscosity, intramolecular rotation is 

the predominant deexcitation pathway, while intramolecu-
lar rotation is impeded in solutions with high viscosity.13,15 
Furthermore, the fluorescence quantum yield from the pla-
nar excited state increases with increasing solvent viscos-
ity.11 By recognizing that intramolecular rotation and 
fluorescence emission are competing deactivation pathways 
(and thus an increase of kR is associated with a lower quan-
tum yield), substitution of the term v0/vf with eq 2 leads to a 
form very similar to the Förster–Hoffmann equation:
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where φ0 is the dye’s intrinsic quantum yield, σ is a dye-spe-
cific constant, and x depends on both the dye and solvent. 
This relationship holds over several magnitudes of viscosity.

Stretching of the cellular membrane, by FSS,7 for 
example, leads to a higher free volume and thus to a lower 
apparent viscosity. In fact, fluidity (the inverse of viscos-
ity) has been used in the fluid mosaic model of the cell 
membrane16 to explain many of the physiological 
responses of the cell membrane, notably the behavior of 
membrane-bound proteins. Although amended (e.g., Vereb 

et al.17 and Engelman18), the fluid mosaic model is still 
widely accepted. In this respect, we believe that apparent 
viscosity (and, related, free volume) serves as a suitable 
proxy for the freedom of motion of individual phospholip-
ids, membrane-bound proteins, and whole-membrane par-
titions, such as lipid rafts. The same freedom of motion 
clearly applies to membrane-bound molecular rotors, 
which justifies their use as membrane viscosity sensors.

Molecular Rotors with Engineered Dual Emission

It is possible to invert eq 3 and solve for the viscosity:
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but the quantum yield is difficult to obtain. One can use 
time-resolved spectroscopy where fluorescence quantum 
yield φF and measured lifetime τ are directly related through

	
φ
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where τN is the fluorophore’s natural lifetime (i.e., the life-
time where intramolecular rotation is inhibited and nonra-
diative deexcitation is absent). Lifetime measurements 
allow for the sequential calculation of a fluorophore’s quan-
tum yield and the microviscosity of the environment.19,20 
However, several molecular rotors have a fluorescence life-
time in the range of 100 ps or less and show a low quantum 
yield in most solvents. Time-resolved spectroscopy and 
even fluorescent lifetime imaging (FLIM) depend on expen-
sive equipment, and because the lifetime of many molecular 
rotors is below the nanosecond range, experiments using 
lifetime instrumentation can become complex. Steady-state 
instruments, like microscopes for steady-state fluorescence, 
are an attractive alternative because they are readily avail-
able in most research environments and are simple to use. 
This was the rationale for the development of self-calibrat-
ing dyes that provide an artificial reference,21–23 termed 
ratiometric molecular rotors. Although many TICT mole-
cules exhibit dual emission (e.g., DMABN), the general 
design of a ratiometric molecular rotor comprises covalent 
linking of a reference fluorophore and a molecular rotor 
(Fig. 2). The linked fluorophores form a resonance energy 
transfer (RET) pair, which implies that (1) the reference 
fluorophore emission spectrum has a significant overlap 
with the excitation spectrum of the molecular rotor, and (2) 
the two fluorophores are kept below the Förster radius, 
meaning that most of the reference fluorophore excited 
state energy is transferred to the molecular rotor. This 
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behavior is desirable because the reference fluorophore 
generally has a quantum yield near unity, while a typical 
molecular rotor shows viscosity-dependent quantum yield. 
More importantly, the high RET efficiency transfers most of 
the excited state energy to the low-quantum-yield rotor, 
resulting in relatively balanced emission intensities.

The peak emission intensity IRotor of a molecular rotor 
with a low dye concentration c can be approximated as 
follows:

	 I I G cRotor ex F= * * *φ � (6)

where Iex is the intensity of the excitation light and G is an 
instrument gain factor that reflects sensitivity, collection 
efficiency, and signal processing. The same equation is 
valid for the emission of the reference dye,

	
I I G cref ex ref= * * *φ

�
(7)

where φref is the quantum yield of the reference fluorophore, 
where usually φref ≈ 1. For fluorescence microscopy of thin 
layers, eqs 6 and 7 become spatially resolved:
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where inhomogeneous excitation signal Iex(x, y) and inho-
mogeneous dye distribution c(x, y, z) are assumed, and the 
fluorescence intensity is acquired by a projection along the 

excitation signal path z. Since the molecular rotor and the 
reference dye are covalently linked, the local concentration 
c(x, y, z) should be the same. Additionally, the instrument-
dependent factors Iex(x, y) and G, as well as the concentra-
tion, cancel out, leaving a ratio R of steady-state rotor to 
reference emission:
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Equation 10 has two implications. First, assuming a known 
and constant reference dye quantum yield φref, the ratiomet-
ric intensity gives access to the molecular rotor’s quantum 
yield, which is otherwise only obtainable with expensive 
lifetime equipment. Second, eq 10 can be solved for viscos-
ity η,23 and the ratiometric intensity R allows direct compu-
tation of viscosity where x, σ, and φ0 can be considered 
calibration constants and be obtained from model solvents. 
To keep the emission spectra of these dual-emission molec-
ular rotors as simple as possible, a molecular rotor with a 
single-emission band is preferred. This allows the ratio R to 
produce a concentration-independent self-calibrating mea-
surement of the environmental microviscosity.

Molecular Rotors as Viscosity Sensors

Molecular rotors have been used to quantitatively deter-
mine phospholipid microviscosity12 and observe tempera-
ture-dependent viscosity changes of phospholipid bilayers 
and their sol-gel transition.24,25 In addition, molecular rotors 
have already been used in cell cultures to elucidate the 
influence of FSS on endothelial cell membranes.7 In the 
context of Kisaalita and colleagues’ main hypothesis that 
SH-SY5Y neuroblastoma cells exhibit physiologically 
abnormal membrane stretch when cultured on glass (2D),8,9 
membrane stretching and the increase in free volume are 
quite intuitive, which links stretching back to the free vol-
ume discussion around eq 3. The recent development of 
ratiometric nanoviscometers also presents new opportuni-
ties for studying the effects of a cell’s microenvironment on 
membrane stretch. Using membrane viscosity as a proxy for 
membrane stretch, with the proposed ratiometric molecular 
rotors, it will not only be possible to explain the calcium 
signal difference between 2D and 3D neuroblastoma cul-
tures, but also for the first time enable the examination of 
the membrane viscosity of a cell embedded in a 3D 
microtissue.

Cell–Cell Physical Microenvironment 
Interaction

It is well established that cells continuously “sense” the 
mechanical properties of their environment. Normal phys-
iological functions, including morphogenesis,26 tissue 

Figure 2.  Generic motif of ratiometric TICT nanoviscometers 
based on the RET concept. The viscosity insensitive reference 
fluorophore is excited and emits at reference peak A. The 
reference emission peak A has a significant overlap with the 
covalently linked molecular rotor excitation spectrum, allowing 
the viscosity-sensitive molecular rotor to be excited via RET. 
The molecular rotor emits at rotor peak B, with the emission 
quantum yield depending on environmental microviscosity. 
Reprinted from Haidekker and Theodorakis21 with permission 
from the Royal Society of Chemistry.
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remodeling,27,28 and differentiation,29,30 are driven in part 
by the biophysical microenvironment. Cells use their adhe-
sive and contractile molecular machinery to transmit forces 
to their surroundings and then transduce those forces to 
biochemical signals. Fibroblasts have been shown to adapt 
their internal stiffness to match that of their substrate for a 
stiffness range spanning that of soft tissues (between 800 
Pa and 4 kPa) before reaching a saturation limit (>10 kPa), 
with an increasing cell stiffness strongly correlating to 
increased cell area.31 This suggests that within the stiffness 
range in which native fibroblasts reside, a cell can quanti-
tatively adapt and match its mechanical environment. 
Similarly, epithelial cells grown on compliant substrates 
were less spread and contained irregular ruffles on the ven-
tricle surface.32 These observations point to two different 
states of cell adhesion and spreading: stiff substrates result 
in remodeling of the actin cytoskeleton into stress fibers 
and increased cell area, and soft substrates on which the 
cell does not spread out and stress fibers do not exist. 
Alternatively, motor neurons derived from mouse spinal 
cords adopt extensive neurite branches on soft but not stiff 
substrates,33 while some cell types cannot grow on soft 
(<50 Pa) substrates.32,34–36 It is clear that not all adherent 
cell types respond to biophysical cues from the cellular 
microenvironment in the same manner.

Although the regulation of focal adhesions and the cyto-
skeleton has garnered a lot of attention, the plasma mem-
brane is far from a passive participant in mechanotransduction. 
In addition to maintaining a specific level of blood flow and 
associated shear stress,7 changes in membrane viscosity and 
activation of flow-sensitive ion channels facilitate vascular 
endothelial wound closure under FSS.37 Membrane viscos-
ity (or membrane fluidity, which is its reciprocal) describes 
the ease of movement within the phospholipid bilayer, and 
directly influences physiological properties such as mem-
brane-bound enzyme activity, carrier-mediated transport, 
and membrane-bound receptor binding.38 The diffusion rate 

of molecules and therefore the reaction rates of diffusion-
controlled processes are also affected by membrane viscos-
ity. The rate of mass transport of reagents within and across 
the domains in heterogenous systems like the lipid bilayer 
are often determined by diffusion-controlled processes, and 
many complex intracellular processes rely on diffusion as a 
rate-limiting step. In this sense, the dynamic state of the 
lipid bilayer is akin to other characteristic properties, such 
as gene and protein expression, which are used to pheno-
type cell populations. An open question arising from this 
collection of observations is how substrate stiffness affects 
membrane viscosity. Although flattening of membrane ruf-
fles in response to the application of linear strain has been 
demonstrated,39–41 a link between membrane viscosity and 
the observable changes in cell area because of tactile sens-
ing of substrate stiffness has not been conclusively estab-
lished. Intuition tells us that when cell area increases in 
response to a stiff substrate, the plasma membrane adopts a 
physiologically abnormal stretched or “taut” condition 
(Fig. 3). However, lipid bilayers are known to rupture with 
a relative area increase of 3%–5%, with endocytosis,42 exo-
cytosis,43,44 and unfolding of caveolae40,41 being observed 
experimentally with changes in cell area and believed to 
relieve membrane tension in order to prevent rupture. 
Whether physiologically irrelevant substrate stiffness 
results in membrane viscosity differences when compared 
with the same cell type grown on a compliant substrate with 
a stiffness in the range of normal physiologically relevant 
tissue remains to be seen. If the response to FSS is any indi-
cation, cell phenomena that involve perturbation of the 
plasma membrane, including changes in cell shape and area 
in response to substrate stiffness, could also affect mem-
brane viscosity. However, as pointed out in the introduction, 
current methods to directly or indirectly report membrane 
physical properties are time-consuming and of little spatial 
resolution. Below, we summarize the state-of-the-art tech-
niques available.

Figure 3.  Differences in 
substrate stiffness have 
been linked to changes 
in cell shape,82 and the 
bilayer membrane must 
accommodate these changes. 
Passive remodeling of the 
membrane includes flattening 
of membrane ruffles in 
response to cell stretch,39 
which we hypothesize is 
associated with an increase 
in macromolecular free 
volume.
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Measuring Membrane Physical 
Properties

Atomic force microscopy (AFM) is currently the gold stan-
dard to measure the mechanical properties of cells with a 
resolution down to nanometer scales. However, differences 
in assumptions and constitutive models as well as experi-
mental setups, such as cantilever characteristics and probe 
settings,45 make a direct quantitative comparison across 
studies using AFM infeasible. Probing individual cells is 
time-consuming, and measuring live cells can be problem-
atic if the ability to control environmental parameters (i.e., 
temperature and percent CO2) is not available. AFM, along 
with optical tweezers and micropipette aspiration, is an 
invasive technique limited to surface topologies and is not a 
direct method for probing membrane viscosity; rather, it 
measures the “deformability” by applying nanoindentation, 
shear stresses, and pressure gradients that may elicit an 
unintended cellular response. The result is the sum of the 
force needed to deform the membrane (in-plane membrane 
tension) and the force needed to deform membrane-to-cyto-
skeleton attachments and membrane proteins. While AFM 
is typically used to test cells adhered to a surface, micropi-
pette aspiration usually measures cells in suspension. 
Therefore, cytoskeletal differences associated with adher-
ence or suspension significantly influence the measured 
properties; adhered cells measured by AFM appear to be 
less viscous than those in suspension measured by micropi-
pette aspiration.46

Noninvasive elastography techniques like fluorescence 
recovery after photobleaching (FRAP) overcome this issue 
by indirectly reporting membrane viscosity through diffu-
sivity of a fluorophore; however, these techniques are time-
consuming and of limited spatial resolution. Depending on 
instrumentation, a FRAP image may take up to 30 min, 
including a 6–9 min photobleaching process47 during which 
dye will begin migrating into the irradiated spot, creating a 
zone of reduced dye concentration around the bleached 
zone that reduces dye recovery. While molecular rotors 
report free volume in the immediate surroundings, FRAP 
reports diffusivity over a relatively large area (e.g., 30 µm in 
the case of Majd and Mayer47).

The notion of viscosity imaging lends itself as a possible 
alternative method. Molecular rotors require relatively sim-
ple steady-state fluorescence instrumentation and report 
changes in real time, and their spatial resolution is only lim-
ited by the optical system. Similar to noninvasive elastogra-
phy techniques, molecular rotors do not deform the plasma 
membrane. The result is a direct measurement of membrane 
microviscosity, which can be reported in viscosity units 
(mPa·s).23 The changes of membrane microviscosity can 
then be interpreted with respect to the testing parameters, 
such as substrate stiffness and FSS. If membrane microvis-
cosity can be used as a proxy for membrane stretch, it 

should be possible to establish not only a relationship 
between membrane microviscosity and the cell stiffness as 
measured by AFM, but also a relationship between mem-
brane microviscosity and substrate stiffness.

Adding a Third Dimension

It has become widely accepted that 3D platforms support 
more physiologically relevant cell cultures when compared 
with cells grown on a simple 2D substrate, because 3D plat-
forms better resemble the natural microenvironment of the 
cells.48,49 As one example, human hepatocarcinoma 
(HepG2) cells cultured in alginate hydrogels better match in 
vivo tissue samples with respect to morphology, gene 
expression, and metabolic activity.50 Hepatocytes are 
widely used in high-throughput drug screening (HTS) plat-
forms for drug discovery, and evidence points to a more 
physiologically relevant cell culture providing more physi-
ologically relevant drug responses. “Physiologically more 
relevant” claims are often made if the phenotypic character-
istics attributed to the culture platform are different between 
2D cell cultures and cells grown on a platform that provides 
a loosely defined 3D architecture. Apart from the 3D matrix 
adhesion51 as a possible “biomarker” for the three-dimen-
sionality of a cell culture, research in cell biology has not 
provided a foundation on which these physiologically more 
relevant claims could be validated. Lai and colleagues make 
the case for cytokines to be the chemical cues monitored to 
determine the physiological relevance of a platform,52 but 
the variability and role of cytokine concentrations in 3D 
cultures are not well understood. In the absence of a bio-
marker of three-dimensionality (i.e., a quantifiable entity), 
the optimum composition of the 3D microenvironment will 
remain elusive. As such, a consensus for the three-dimen-
sionality of a cell culture should be established.

The microenvironmental factors (MEFs) that support the 
formation of physiologically relevant 3D cultures (microtis-
sues) have been defined as the following: (1) chemical or 
biochemical composition, (2) spatial cues (geometric 3D), 
(3) temporal cues, and (4) substrate biophysical proper-
ties.53,54 Many different 3D cell culture platforms provide 
different combinations of MEFs but elicit similar functional 
and/or structural responses from various cell lines. In fact, 
many of these cell culture platforms are commercially avail-
able and are advertised as 3D. For instance, HepG2 cells 
cultivated in Matrigel (Corning Matrigel Growth Factor 
Reduced Basement Membrane Matrix, Corning, NY), col-
lagen sandwich (Corning Collagen I), and Alvetex (porous 
polystyrene scaffolds) formed structural bile canaliculi net-
works, a characteristic associated with hepatocytes in vivo.55 
Interestingly, these platforms have been described in litera-
ture as 3D but are very different in nature. The collagen 
sandwich consists mostly of one protein element, while 
Matrigel is a mixture of laminin, collagen, fibronectin, and 
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numerous other components. Unlike hydrogels, synthetic 
polymers like polystyrene have Young’s moduli above the 
physiological range of native liver tissue and provide a rigid 
pore structure, preventing tissue growth past the size of the 
pores. To complicate things further, Luckert et al.55 suggest 
that the comparable metabolic activity of 2D and 3D HepG2 
cells might be a consequence of the duration of cultivation, 
not the result of 3D culture as previously reported.56 Based 
on the evidence from literature, we should ask the following 
questions: What is the minimum level of exogenous MEFs 
that engender an in vitro tissue model that best emulates the 
desired in vivo structural and/or function features, and what 
is the optimum composition of the culture platform to pro-
mote this? A precise emulation of in vivo conditions might 
be necessary for many regenerative medicine applications. 
In turn, evidence suggests it might not be necessary in the 
field of drug discovery.55,56 Conflicting reports on the impor-
tance of providing a 3D architecture for hepatocyte cultures 
used as a liver model for toxicity studies, and their associ-
ated metabolic activity, bring to light the potential redun-
dancy in MEFs for certain applications. The identification 
and elimination of redundant MEFs may make cell culture 
platforms more predictive, compatible, and affordable for 
research as well as HTS instrumentation.

The widely accepted consensus is that in order to achieve 
in vivo-like microtissues in vitro, the stiffness of a 3D cul-
ture platform should be within the physiological range of 
the native tissue of interest. This consensus is based on cel-
lular responses to 2D substrates, as described in the “Cell–
Cell Physical Microenvironment Interaction” section, and 
studying single cells embedded in a 3D matrix. However, 
the behavior of isolated cells grown on a 2D substrate or 
within a 3D matrix might differ from the behavior of an 
individual cell within a tissue. Maintaining cell–cell adhe-
sion is crucial for tissue morphogenesis and homeostasis, 
while perturbation of the keratin–desmosome complex, to 
name just one example, severely compromises cell and tis-
sue integrity.57,58 Furthermore, Doyle et al.59 suggest that 
the average stiffness of a 3D collagen gel obtained using 
bulk rheological measurements does not indicate the local 
differences in fiber stiffness a cell may “sense” at the fiber/
cell adhesion scale. A better understanding of how the stiff-
ness of various 3D culture platforms affects microtissues 
growing within the platform could provide valuable insight 
into potential redundancy of substrate biophysical MEFs.

While single endothelial cells “sense” the pliability of 
their substrate and respond with cytoskeleton remodeling 
and morphology changes, an endothelial cell monolayer 
grown to confluency has indistinguishable morphologies on 
both pliable and rigid surfaces.60 A possible explanation for 
the lack of morphological changes mentioned above comes 
from the “cell-on-cell” hypothesis,29 where cell-to-cell con-
tacts appear to influence the cellular response to the 
mechanical properties of the environment. For example, 

when cultured on stiff substrates, myotubes form stress 
fibers and strong focal adhesions, suggesting a state of iso-
metric contraction; on soft substrates, actomyosin appears 
scattered. Both cellular responses are consistent with other 
2D mechanotransduction observations discussed in the 
“Cell–Cell Physical Microenvironment Interaction” sec-
tion. Moreover, when a gel matching relaxed muscle bun-
dles (E ≈ 10 kPa) is used as a substrate, definitive 
actomyosin striations are observed. The cell-on-cell hypoth-
esis comes into the picture when myotubes are cultured on 
top of an initial myotube monolayer. While the lower myo-
tube monolayer attaches strongly to glass and forms numer-
ous stress fibers, the upper myotubes differentiate to the 
more physiological state, with prominent actomyosin stria-
tions and cell elasticity in the range of normal muscle tis-
sue.29 Similarly, a basal layer of astrocytes cultured on glass 
seems to impart a pliable brainlike environment for the 
branching of neurons to grow.61 These observations suggest 
that these cell-to-cell contacts provide a soft “barrier” 
between the cell being studied and the substrate, which 
lends credibility to the concept that physiologically relevant 
microtissues can be cultured on substrates that have a physi-
ologically abnormal stiffness.

The hypothesis provided by Kisaalita and colleagues to 
explain differences in high potassium depolarization-
induced calcium entry for SH-SY5Y neuroblastoma cells 
grown on 2D substrates or as 3D microtissues is interesting 
in the context of the cell-on-cell hypothesis. In these experi-
ments, the same substrate materials (poly (l-lactic acid), 
polystyrene) were used for both 2D and 3D models; there-
fore, the difference between the two platforms was the geo-
metric space available for cell growth and the resulting 
difference in cell interactions. Differences in cell spreading, 
in terms of neuroblast projection areas and perimeters, and 
VGCC response indicate a change in cell membrane stretch 
when grown on 2D substrates versus 3D. Although 3D cell 
cultures are currently a hot research topic, there is a real 
lack of information regarding the biomechanical properties 
and mechanotransduction behavior of cells grown in a 
cohesive, 3D microtissue. This is mainly due to limitations 
in techniques for studying mechanical properties of cells in 
3D cultures. Although identifying and measuring a single 
cell grown on a 2D substrate with the current gold stan-
dards, such as AFM and micropipette aspiration, is rather 
straightforward, the same cannot be said for identifying and 
measuring a cell that is a part of a 3D tissue. One major 
challenge of using fluorescent dye methods such as FRAP 
with 3D cell cultures is that you cannot reach the center of 
a cell cluster with a photobleaching pulse. Another is diffu-
sion of the dye to the core of the sample. The advantage of 
using ratiometric nanoviscometers over other fluorescent 
dyes is that these dual-emission dyes are self-calibrating, 
making homogenous dye concentration irrelevant (see the 
“Molecular Rotors with Engineered Dual Emission” 
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section). Confocal imaging systems have several features 
that result in improved lateral and axial resolution over 
other fluorescence instruments, allowing the user to image 
a very thin z section of a 3D specimen. With these probes, it 
will be possible to not only explain the calcium signal dif-
ference between 2D and 3D preparation but also enable the 
examination of the influence of 3D platform stiffness on 
microtissues as the distance of the cell location from the 
platform surface increases. If the influence is limited to 
only the layer of cells adjacent to the platform surface, 3D 
platform stiffness becomes less pertinent to the physiologi-
cal relevance of the resulting microtissue. In this case, the 
biophysical MEF could be considered a redundancy for cer-
tain in vitro 3D culture applications. If cells in the interior 
of the microtissue are affected, this strengthens the argu-
ment to develop or use materials that are consistent with in 
vivo microenvironmental stiffness.

Concluding Remarks

The focus of this review has been on the application of fluo-
rescent molecular rotors to basic 2D and more complex 3D 
cell cultures for studying the effects of biophysical signals 
on cell state. In addition to the fundamental interest, there is 
a practical need to quantitatively measure changes in cell 
mechanics. Cell culture applications of molecular rotors are 
not just limited to the study of physical properties but also 
have the potential to be used as a tool for studying stem and 
cancer cells. Evidence from literature shows that stem cells 
of various lineages and cancer cells with different levels of 
invasiveness have significant differences in cell physical 
properties, and there remains a need to identify cells within 
heterogenous populations.

It has been suggested that cancer cell stiffness plays a role 
in the invasion of surrounding tissues. Although cancer tis-
sues have shown to be stiffer than normal tissues, recent 
reports suggest that metastatic cancer cells themselves are 
more compliant than normal cells.62,63 Swaminathan et al. 
demonstrate that the stiffness of patient tumor cells and can-
cer cell lines inversely correlates with migration and invasion 
through 3D basement membranes.64 While a better under-
standing of the onset and progression of cancer can lead to 
improved detection and more efficacious anticancer drug 
testing, the potential for single-cell mechanical properties to 
be used as a biomarker for disease is promising. If a change 
in mechanical phenotype is an indicator of metastasis, then 
molecular rotors could be used to study the utility of various 
cancer cell lines as in vitro cancer models. Molecular rotors 
are an attractive tool for mechanical property-based screen-
ing because, unlike benchtop methods like AFM and micro-
pipette aspiration, they have the potential to be translated to 
an off-the-shelf assay that can be applied to fluorescence-
activated cell sorting (FACS) instrumentation. Other poten-
tial applications include combination with microfluidic 

devices to study single-cell mechanics during migration and 
intravascular adhesion of metastatic cell lines.

Studies of single-cell mechanical properties for adipose-
derived stem cell (ASC) enrichment has shown the poten-
tial for distinguishing differences in cell subpopulations, 
disease state, and tissue source based on mechanical proper-
ties.65 As one example, the cellular biomechanics are 
remodeled during osteogenic differentiation, which may 
precede upregulation of the osteogenic markers.66 
Membrane viscosity of undifferentiated stem cells could be 
correlated with lineage-specific metabolite production, 
potentially providing a more complete understanding of dif-
ferentiation. While fundamental stem cell research aims to 
understand differentiation patterns, clinical applications of 
stem cells have shown great potential as a novel therapeutic 
alternative for musculoskeletal, hematopoietic, neurologi-
cal, and cardiovascular disorders.67,68 Autologous ASCs are 
just one attractive cell source for cell-based regenerative 
therapies due to their immunogenicity and multipotent 
characteristics and are available in large quantities com-
pared with mesenchymal stem cells (MSCs) derived from 
other tissues. However, adipose tissue contains multiple cell 
types and only a portion of MSCs satisfy the stem cell crite-
ria, while others are more committed to a specific lin-
eage.69,70 Furthermore, the long-term and large-scale in 
vitro adherent culture expansion of MSCs necessary to 
obtain a clinically relevant number of cells for therapeutic 
use results in reduced multilineage potential.71,72 Although 
studies suggest the potential for cellular mechanical proper-
ties as a novel “biomarker” of cell phenotype, quantitative 
comparisons across different studies have proven difficult. 
Mechanical properties within a specific cell lineage have 
varied by up to an order of magnitude between different 
research groups, as shown in Table 1. In addition to differ-
ences in assumptions and constitutive models as well as 
experimental setups, these quantitative methods are not 
amenable to high-throughput applications, which limits 
their use to fundamental studies of single-cell mechanical 
properties. Ratiometric molecular rotors are unique in that 
instrument-dependent factors cancel out (see the “The 
Physical Principle of Molecular Rotors” section, eq 10), 
making comparisons of cellular mechanical properties 
across lineages and studies more feasible. Although ASCs 
have several surface markers, many of these are shared with 
other cells present in adipose tissue.73 Multivariate analysis 
of MSC multipotency biophysical markers suggests that no 
single biophysical property is robust enough to predict stem 
cell multipotency alone.74 However, cell stiffness as a 
potential biophysical marker reported by ratiometric molec-
ular rotor fluorescence, together with surface biomarkers 
(and potentially with other properties such as cell size), 
could improve the purification of multipotent subpopula-
tions or differentiation of tripotent MSCs and MSCs that 
have already committed to a specific lineage.
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Table 1.  Elastic Moduli of Several Stem Cell Lineages Measured by Common Techniques.

Cell Type
Elastic Modulus 

(kPa)
Measurement 

Technique Notes Reference

Mesenchymal Stem Cell
Human bone marrow derived (Texas 

A&M)
2.8 AFM indentation Spread morphology on glass 

coverslip; spherical AFM tip
75

Human adipose derived (Zen-Bio Inc.); 
passage 4

2.5 ± 1.2 AFM indentation Spread morphology on PLL-coated 
TCP; nucleus measured; spherical 
AFM tip

65

Human adipose derived (Zen-Bio Inc.); 
passage 4

2.6 ± 1.6 AFM indentation Spherical morphology on PLL-
coated TCP; nucleus measured; 
spherical AFM tip

65

Human bone marrow derived (Cambrex 
and Tulane Center for Gene Therapy); 
passage 4

3.2 ± 2.2 AFM indentation Spread morphology on PLL-coated 
TCP; nucleus measured; spherical 
AFM tip

65

Human bone marrow derived (Cambrex 
and Tulane Center for Gene Therapy); 
passage 4

2.5 ± 1.8 AFM indentation Spherical morphology on PLL-
coated TCP; nucleus measured; 
spherical AFM tip

65

Human adipose derived; passage 3 0.345 ± 0.15 AFM indentation Spread morphology on PLL-coated 
TCP; spherical AFM tip

73

Human adipose derived; passage 4 0.884 ± 0.497 AFM indentation Spread morphology on PLL-coated 
TCP; spherical AFM tip

73

Human adipose derived; passage 5 0.8 ± 0.511 AFM indentation Spread morphology on PLL-coated 
TCP; spherical AFM tip

73

Human bone marrow derived (Tulane 
Center for Gene Therapy)

3.2 ± 1.4 AFM indentation Spread morphology on glass 
coverslips; cytoplasm measured; 
spherical AFM tip

76

Human bone marrow derived (AllCells) 33 ± 7 AFM indentation Spread morphology on Thermanox 
glass coverslips; pyramidal AFM 
tip

77

Human bone marrow derived (Cambrex 
Inc.); passage 5

0.466 ± 0.087 Micropipette 
aspiration

Spherical morphology in 
suspension; cytoplasm measured

78

Adipocyte
Primary cells isolated from human fat 0.9 ± 0.8 AFM indentation Spherical morphology on PLL-

coated TCP; nucleus measured; 
spherical AFM tip

65

Adipogenic differentiation
Day 7 of induction 0.671 ± 0.158 Micropipette 

aspiration
Spherical morphology in 

suspension; cytoplasm measured
78

Day 21 of induction 0.42 ± 0.052 Micropipette 
aspiration

Spherical morphology in 
suspension; cytoplasm measured

78

Chondrocyte
Porcine, superficial articular chondrocytes 

harvested from femoral condyles
0.46 ± 0.22 AFM indentation Spherical morphology on PLL-

coated glass; central region of cell 
measured; spherical AFM tip

46

Porcine, middle/deep zone articular 
chondrocytes harvested from femoral 
condyles

0.26 ± 0.14 AFM indentation Spherical morphology on PLL-
coated glass; central region of cell 
measured; spherical AFM tip

46

Porcine, middle/deep zone articular 
chondrocytes harvested from femoral 
condyles

0.2 ± 0.07 Micropipette 
aspiration

Spherical morphology in 
suspension; central region of cell 
measured; spherical AFM tip

46

Primary cells isolated from human, full-
thickness articular cartilage

1.8 ± 1.7 AFM indentation Spread morphology on PLL-coated 
TCP; nucleus measured; spherical 
AFM tip

65

Primary cells isolated from human, full-
thickness articular cartilage

1.4 ± 1.1 AFM indentation Spherical morphology on PLL-
coated TCP; nucleus measured; 
spherical AFM tip

65

(continued)
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In vitro cell culture has evolved into complex systems, 
which require new tools to study cell phenomena. Cell 
physical properties have become a popular “marker” for 
cell physiological studies, but limitations in instrumentation 
make it difficult to study this in complex systems. Molecular 
rotors lend themselves to the notion of viscosity imaging, 
which could prove to be a useful alternative. This tool pro-
vides the opportunity to study complex 3D cell systems and 
has the potential to become a useful approach to sorting het-
erogenous cell samples.
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